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1. Introduction

Proteins are the major components in the living cell that trans-
late the genetic information into the whole repertoire of con-
stituents of cellular organization. Their biosynthesis takes place
on free or membrane-bound ribosomes, yielding linear se-
quences of amino acids. In a second step, they acquire their
singular, unique three-dimensional structure, which is the cen-
tral prerequisite for their specific functions. The rules relating
the linear information stored in the DNA of an organism’s
genome to the amino acid sequences of the corresponding
proteins are well understood. However, the complexity of the
many-body interactions that govern the spontaneous transi-
tion of a polypeptide chain into its spatially ordered native
conformation has to date prevented a comprehensive solution
of the protein-folding problem. Nevertheless, our understand-
ing of protein-folding mechanisms has increased dramatically,
and single-molecule spectroscopy has started to provide new
perspectives of this fundamental process.

2. Protein Folding

Experiments in the 1930s and 40s indicated that protein fold-
ing is autonomous and reversible, that is, that a protein’s spe-
cific structure can be restored after denaturation.[1–4] Anfinsen’s
classical work on the reduction and reoxidation of ribonuclease
supplied clear evidence that the amino acid sequences select-
ed through evolution contain all the necessary information for
attaining their native structures.[5–7] Owing to the marginal con-
formational stability of folded proteins and the often low acti-
vation barriers involved, protein folding is usually not a unique
event in the life of a protein, but may occur many times
before a protein is finally degraded in the cell. The conceptual
simplicity of the folding problem attracted contributions from
a wide range of disciplines, especially from the physical scien-
ces. However, the initial hope that the rules for protein folding
would be as simple to decode as those for translation soon
had to be abandoned.
The hierarchic patterns found in crystal structures of pro-

teins suggested that folding might also be a hierarchical pro-
cess, and the developing concept of nucleation events empha-
sized the importance of local interactions in the early stages of

protein folding, with a subsequent condensation of substruc-
tures.[7–10] The 1970s and 80s were dominated by the hunt for
such folding intermediates on the pathway from the unfolded
to the native state, and led to the identification of structurally
and spectroscopically distinct intermediate states in the folding
of a large number of proteins.[11–13] This was accompanied by
the development of a range of phenomenological models of
folding[11,14–19] that differ in the degree of parallel formation of
substructures, their interactions on the way to more complex
assemblies, and the assignment of the rate-limiting step, but
which are difficult to distinguish experimentally.[20]

There were two very important developments in the 1990s:
The discovery of small proteins that fold at very high rates
(�103 s�1 and faster) without populating stable intermedi-
ates,[21,22] and the introduction of the concepts of statistical
mechanics into the theory of protein folding.[23–27] The identifi-
cation of “two-state folders” very clearly demonstrated that
stable intermediates are not a general prerequisite for folding,
and demanded different approaches to solving the protein-
folding problem. One such strategy is the characterization of
transition states for folding by protein engineering meth-
ods,[28,29] another the analysis of elementary processes of pro-
tein folding, such as the formation of loops[30–35] or isolated
secondary structure elements.[36–39] Although the “new view”[40]

of protein folding introduced from statistical thermodynam-
ics[23–26] was sometimes perceived to be in contradiction to the
“classical view” of folding pathways, it can rather be consid-
ered more general,[41] and it contributed to a range of new
questions, which are currently under intense investigation.
These include the hunt for a protein-folding “speed
limit”[30, 32,42] and “downhill”—or barrierless—folding,[43–45] the
importance of unfolded-state dynamics,[46–50] and the predic-
tion of protein-folding rates.[51–54]

Another boom for the field of protein folding has come
from the realization that misfolding and aggregation[55] of
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many proteins—for years disregarded as an irrelevant side re-
action—are of great medical relevance and a probable cause
of a wide range of diseases, especially neurodegenerative dis-
orders[56] such as Alzheimer’s, Parkinson’s, and Huntington’s
disease. Common to protein folding and misfolding is the
large degree of structural or conformational heterogeneity,
both during structure formation and—particularly in the case
of aggregates—of the final structures. In many cases, obtaining
a detailed structural understanding of the processes involved
is difficult or even impossible with classical methods investigat-
ing large ensembles of molecules. Therefore, it is a promising
new opportunity in the search for a more fundamental under-
standing of protein folding to turn to the study of individual
molecules, with the ultimate goal of identifying the distribu-
tions of microscopic pathways an unfolded protein can take to
its final state, be it correctly or incorrectly folded.

3. Single-Molecule Spectroscopy

The direct investigation of the folding of single protein mole-
cules has only become feasible by means of new methods
such as atomic force microscopy (AFM)[57,58] and optical single-
molecule spectroscopy.[59–65] These techniques offer a funda-
mental advantage beyond our mere fascination for the direct
depiction of molecular processes: They can resolve and quanti-
fy the properties of individual molecules or subpopulations in-
accessible in classical ensemble experiments, which average
over many particles. The very first experiments that demon-
strated the unfolding of individual protein domains in the
large muscle protein titin employed AFM[57] or laser tweez-
ers:[66] AFM, in particular, has since been used to investigate
the mechanical stability of a number of proteins.[67–69] In combi-
nation with protein engineering methods[68,70] and simula-
tions,[71, 72] these studies will continue to provide an important
complement to other approaches, especially for proteins in-
volved in the transduction of mechanical force. In the follow-
ing, however, I will focus on fluorescence spectroscopy, which
is a particularly appealing technique, owing to its extreme sen-
sitivity and versatility.[61,73, 74] In combination with Fçrster reso-
nance energy transfer (FRET),[75–77] it enables us to investigate

intramolecular distances and conformational dynamics of
single proteins, including their folding, misfolding, and func-
tion.

3.1. Fçrster Resonance Energy Transfer

The first quantitative test of Fçrster’s theory[75,78] and the cru-
cial experiment that put FRET on the map of biochemistry was
published by Stryer and Haugland in 1967.[79] They attached
dansyl and naphthyl groups to the termini of polyproline pep-
tides and measured the transfer efficiency between them as a
function of the length of the peptide. As predicted for the
dipole–dipole coupling between the donor and the acceptor
dye,[75] they found that the transfer efficiency E depended on
the inverse sixth power of the interchromophore distance r, in
agreement with Theodor Fçrster’s famous equation [Eq. (1)]:

E ¼ R0
6

R06 þ r6
ð1Þ

where R0 is the Fçrster radius, the characteristic distance that
results in a transfer efficiency of 50% (Figure 1). R0 is calculated
in Fçrster’s theory according to Equation (2):

R0
6 ¼ 9000ðln10Þk2�DJ

128p5n4NA

ð2Þ

where J is the overlap integral between the donor emission
and the acceptor absorption spectra, fD is the donor’s fluores-
cence quantum yield, k2 is a factor depending on the relative

orientation of the chromophores, n is the refractive index of
the medium between the dyes, and NA is Avogadro’s
number.[75,78] The idea of such a “spectroscopic ruler”[79] has
had a huge impact on the investigation of biomolecular struc-
ture and dynamics on distances in the range of about 1–
10 nm.[77, 80–82] More recently, renewed interest has come from
the realization that FRET can be used to obtain distance infor-
mation in experiments on single biomolecules,[76,83] including
proteins.[61,67,84]
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Figure 1. Distance dependence of the Fçrster resonance energy transfer effi-
ciency between a suitable pair of chromophores, calculated according to
Equation (1). The characteristic Fçrster distance R0 is calculated from the ori-
entational factor k2, the donor quantum yield fD, the overlap integral J, and
the refractive index of the medium n.
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Experimentally, transfer efficiencies can be determined in a
variety of ways,[78] but for single-molecule FRET, two ap-
proaches are particularly useful. One is the measurement of
the fluorescence intensities from both the donor and the ac-
ceptor chromophores, and the calculation of the transfer effi-
ciency according to Equation (3):

E ¼ nA
nA þ gnD

ð3Þ

where nA and nD are the numbers of photons detected from
the acceptor and donor chromophores, respectively, and g is a
correction factor that takes into account the quantum yields of
the dyes and the efficiencies of the detection system in the
corresponding wavelength ranges.[85] A second approach,
which can be combined with the first,[86] is the determination
of the fluorescence lifetime of the donor in the presence (tDA)
and absence (tD) of the acceptor, yielding the transfer efficien-
cy as Equation (4):

E ¼ 1� tDA
tD

ð4Þ

3.2. Instrumentation

The instrumentation is based on the optics, detectors, and
electronics developed for optical single-molecule spectrosco-
py[59,73] and fluorescence correlation spectroscopy.[87,88] Experi-
mental setups for single-molecule FRET[89] typically involve
either confocal excitation and detection using a pulsed or con-
tinuous wave laser and avalanche photodiodes (APDs), or
wide-field microscopy with two-dimensional detectors such as
a charge coupled device (CCD) camera, often in combination
with evanescent wave excitation. Wide-field imaging allows
the collection of data from many single-molecules in parallel,
albeit at a much lower time resolution than in a confocal ex-
periment using APDs. Figure 2 shows a simple schematic with
the main optical elements for confocal epifluorescence detec-
tion. A laser beam is focused with a high aperture objective to
a diffraction-limited focal spot that serves to excite the labeled
molecules. In the simplest experiment, the sample molecules
are freely diffusing in solution at very low concentrations (typi-
cally 10–100 pM), ensuring that the probability of two mole-
cules residing in the confocal volume at the same time is negli-
gible. When a molecule diffuses through the confocal volume,
the donor dye is excited, fluorescence from the donor and ac-
ceptor is collected through the objective and focused onto the
pinhole, a small aperture serving as a spatial filter. A dichroic
mirror finally separates donor and acceptor emission into the

Figure 2. Scheme of a confocal single-molecule fluorescence experiment on freely diffusing molecules (molecules not to scale). On the left, a typical time
trace is shown, with counts detected from the donor chromophore and the acceptor chromophore. For each individual event, a transfer efficiency is calculat-
ed and entered into a histogram. Histograms are typically constructed from several thousand bursts.
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corresponding detectors, from where the data are collected
with multichannel scalers or suitable counting cards. The setup
can be extended to sorting photons by additional colors, for
example, if more than two chromophores are used,[90,91] or by
both color and polarization.[86] The advantage of observing
freely diffusing molecules is that perturbations from surface in-
teractions can largely be excluded, but the observation time is
limited by the diffusion times of the molecules through the
confocal volume. Typically, every molecule is observed for no
more than a few milliseconds. Alternatively, the molecules can
be immobilized on the surface and then observed for a more
extended period of time, typically a few seconds, until one of
the chromophores undergoes photodestruction. The complica-
tions in this case are interactions with the surface that can
easily perturb the sensitive equilibrium of protein folding (see
Section 4.5.). The details of single-molecule instrumentation
can be found in several recent reviews.[61,73, 89] An important de-
velopment for the wide application of single-molecule meth-
ods to the study of biomolecules is the recent availability of
comprehensive commercial instrumentation.[92]

3.3. Protein Labeling

To our misfortune, protein chemistry has not made it easy for
us to investigate polypeptides in single-molecule experiments
(with the exception of the family of fluorescent proteins[93,94]).
As of today, even tryptophan, the natural amino acid with the
highest fluorescence quantum yield (�13%), is not suitable
for single-molecule detection (unless the molecule contains a
very large number of tryptophan residues[95]) owing to the low
photostability of the indole ring. Labeling with extrinsic fluoro-
phores is thus unavoidable, and complicated by the need for
suitable reactive groups for site-specific attachment. For FRET,
two (or more) chromophores are needed, and their specific
placement on the protein ideally requires groups with orthog-
onal chemistries. For simple systems, such as short peptides,
sequences can be designed to introduce only single copies of
residues with suitable reactive side chains.[96,97] In chemical,
solid-phase peptide synthesis, protection groups and the incor-
poration of non-natural amino acids can be used to increase
specificity, but, for longer chains, chemical synthesis becomes
inefficient and shorter chains have to be ligated[98] to obtain
the desired product.[99]

Considering the maturity and versatility of the heterologous
recombinant protein expression, the production of proteins of
virtually any size and sequence in microorganisms is the
method of choice for obtaining very pure material in sufficient-
ly large amounts for preparative purposes. However, the
number of functional groups that can be used for specific la-
beling is very limited. Sufficiently specific reactivity is only pro-
vided by the sulfhydryl groups of cysteine residues, the amino
groups of lysine side chains, and the free a-amino group of
the N-terminal amino acid. However, except for small peptides,
the statistical and therefore often multiple occurrence of cys-
teine and especially lysine residues in one polypeptide pre-
vents the specific attachment of exactly one label to a protein.
For some applications, such as in-vivo imaging, the degree of

labeling is only of secondary importance, but for FRET, specific-
ity is strictly required.
Currently, the most common approach is to rely exclusively

on cysteine derivatization. Increased specificity can be ach-
ieved by removing unwanted natural cysteine residues by site-
directed mutagenesis or introducing cysteine residues with dif-
ferent reactivity due to the different molecular environments
within the protein.[100] Labeling is usually combined with multi-
ple chromatography steps to purify the desired adducts. Alter-
native methods[101] are the native chemical ligation of recombi-
nantly expressed and individually labeled protein fragments or
intein-mediated protein splicing,[102] the specific reaction with
thioester derivatives of dyes,[103] puromycin-based labeling
using in-vitro translation,[104] and the introduction of non-natu-
ral amino acids.[105] Most of the latter methods are not yet
used routinely and must be considered as under development.
Considering all of these complications, it is very fortunate that
a wide variety of excellent organic dyes with various functional
groups for protein labeling have become commercially avail-
able. Examples of particularly popular chromophores for
single-molecule FRET are the cyanine dyes[106] and the Alexa
Fluor series.[107] Semiconductor quantum dots[108,109] are promis-
ing candidates owing to their extreme photostability, but they
are not yet available with single functional groups; to date
they have only been used as donors because of their broad
absorption spectra, and they are themselves the size of a small
protein.
Even for the smaller organic dyes, however, interactions with

the protein can interfere both with the photophysics of the
chromophores and the stability of the protein. This needs to
be taken into account both in the design of the labeled var-
iants and the control experiments. Owing to the substantial
size of the fluorophores, they can only be positioned on the
solvent-exposed surface of the protein if the folded structure is
to be conserved. Even then, the use of hydrophobic dyes can
lead to aggregation of the protein, or interactions with the
protein surface can cause a serious reduction in fluorescence
quantum yield, a problem that has been minimized by the in-
troduction of charged groups in many of the popular
dyes.[106,107] Important control experiments are equilibrium or
time-resolved fluorescence anisotropy measurements,[96,97, 99]

which are sensitive to the rotational flexibility of the dyes and
can therefore provide indications for undesirable interactions
with the protein surface. It is also essential to ensure, by direct
comparison with unmodified protein, that labeling has not
substantially altered the protein’s stability or folding mecha-
nism.[96,99]

3.4. Spectroscopic Controls

The factors influencing single-molecule fluorescence experi-
ments[110] are often sufficiently diverse to preclude a complete
anticipation of the results. Complications include: photophysi-
cal and photochemical effects, such as optical saturation and
photobleaching; the influence of diffusion; possible interac-
tions of the chromophore with the polypeptide, resulting in a
reduction of quantum yields or lack of fast orientational aver-
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aging of the dyes; and the
change of solvent conditions. A
suitably labeled molecule with
well-characterized properties
that can be prepared at high
purity can thus be extremely
valuable for avoiding misinter-
pretation of the results.
For practical reasons, the first

single-molecule FRET experi-
ments[76] were performed on
DNA duplexes as stiff linkers, be-
cause they allowed the individu-
al labeling of the two comple-
mentary oligonucleotide strands
and subsequent annealing. For
FRET experiments on proteins,
however, it is desirable to use a
polypeptide-based reference
molecule, because the type of
attachment chemistry and the
characteristics of the immediate
molecular environment can in-
fluence the photophysical prop-
erties of the fluorophores. For
instance, strong interactions
such as the stacking of fluoro-
phores to the ends of the DNA
double helix[111,112] or strong
electrostatic repulsion of a
charged dye due to the polyan-
ionic character of nucleic
acids[111,113] may lead to biopoly-
mer-specific orientational and
photophysical effects.
The classic candidate for a

suitable polypeptide is poly-l-
proline, which was used in
Stryer and Haugland’s experi-
ment[79] owing to its stiff helical
structure in aqueous solu-
tion.[114,115] Oligomers of proline
in water form a type II helix with
a pitch of 0.312 nm per residue.
By including an amino terminal
glycine residue and a carboxy
terminal cysteine residue in the
synthesis, the resulting a-amino group and the cysteine resi-
due’s sulfhydryl group can be labeled specifically with deriva-
tives of suitable reactive dyes such as succinimidyl esters and
maleimides, respectively.[96,97] Recently, we studied the transfer
efficiency between Alexa Fluor 488 and Alexa Fluor 594 attach-
ed to the termini of polyproline peptides as a function of the
number of proline residues in single-molecule FRET experi-
ments (Figure 3).[97] With increasing peptide length, a mono-
tonic decrease in transfer efficiency was observed, but for pep-
tides with more than about 20 residues, the transfer efficiency

was significantly higher than expected for a rigid rod with the
structure of a type II helix (Figure 3B). From a quantitative
analysis of the end-to-end distance distributions obtained from
molecular dynamics simulations (Figure 3C), we were able to
assign this increased FRET efficiency to the bending of the
chains on a nanosecond time scale (Figure 3D). The persis-
tence length obtained from the molecular dynamics simula-
tions was about 5 nm.[97] Polyproline peptides are therefore
suitable reference molecules, but their chain dynamics have to
be taken into account, especially for higher oligomers.

Figure 3. A) Schematic structure of an icosaproline helix labeled with donor (Alexa 488) and acceptor (Alexa 594)
dyes. B) Transfer efficiency histograms from confocal single-molecule measurements on polyproline peptides of
various lengths.[97] C) End-to-end distance distributions obtained from molecular dynamics simulations of polypro-
line peptides containing 10, 15, 20, 25, 30, 35, and 40 proline residues plus terminal glycine and cysteine residues
(black lines) and the least-squares fits to a wormlike chain model (red lines).[97] D) Mean transfer efficiencies from
single-molecule measurements (filled red circles) and ensemble time-correlated single-photon counting measure-
ments (empty red circles) as a function of the contour lengths of the peptides (Gly–Pron–Cys), assuming the ge-
ometry of polyproline found in the crystal structure,[114] in comparison to the dependences calculated for different
dynamic regimes (squares) using the normalized end-to-end distance distributions from the molecular dynamics
simulations of the peptides. The corresponding lines are empirical fits to the data.[97]
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4. Single-Molecule Protein Folding

The basic idea of a protein-folding experiment using FRET is
shown in Figure 4. A donor dye and an acceptor dye are at-
tached to the termini of a protein. If a folded protein molecule
resides in the volume illuminated by the focused laser beam,
excitation of the donor dye results in rapid energy transfer to
the acceptor dye, because the termini are in close proximity,
and the majority of the fluorescence photons are emitted by
the acceptor. Upon addition of chemical denaturant, the pro-
tein unfolds, resulting in a larger average distance between
the donor and acceptor dyes. Consequently, the energy trans-
fer rate is decreased, and the fraction of photons emitted by
the acceptor is lower.
The first experiment of this kind was published by Jia

et al.[116] in 1999. In a joint effort between the groups of Robin
Hochstrasser and William DeGrado, a variant of the GCN4
coiled coil peptide was labeled, then crosslinked to form
dimers, and nonspecifically immobilized on a surface to obtain
a construct suitable for two-color confocal fluorescence micros-
copy. Variations in the concentration of the denaturing agent
urea resulted in changes of the transfer efficiency and thus
showed that it was indeed possible to study the folding of
single protein molecules using optical methods. The same
group later provided a more quantitative analysis of their ex-
periments, including a direct comparison of GCN4 molecules
freely diffusing in solution and immobilized on a aminopropyl-
silanized microscope coverslip.[117] In a correlation analysis of
their data, they observed folding dynamics on a time scale in
agreement with ensemble experiments, but also showed that
unfolded peptide had its conformational fluctuations slowed,
probably because of interactions with the surface.
Another breakthrough was the study of chymotrypsin inhibi-

tor 2 (CI2) by Deniz et al. in 2000.[99] Again, a spectroscopy and
a biochemistry group had teamed up, managed to produce
suitably labeled protein samples using a combination of solid-
phase synthesis and native chemical ligation, and studied

them freely diffusing in solution by confocal fluorescence mi-
croscopy. For the first time, they clearly separated the FRET
signal from unfolded and folded molecules coexisting in solu-
tion, and thus demonstrated the power of single-molecule
spectroscopy for separating subpopulations of heterogeneous
mixtures for the case of protein folding. However, the lack of a
suitable control prevented a rigorous analysis of some of the
results.[96]

4.1. The Cold-Shock Protein

The protein most extensively studied with optical single-mole-
cule methods is the cold-shock protein from the hyperthermo-
philic bacterium Thermotoga maritima (CspTm, Figure 4). It
forms a simple, five-stranded beta barrel structure, and by all
criteria investigated to date it behaves as a perfect two-state
folding system.[118–120] In other words, all known equilibrium
and kinetic folding data for this protein can be analyzed quan-
titatively with a model assuming only two thermodynamic
states, folded and unfolded, separated by a single activation
barrier. Additionally, the high stability of this thermophilic pro-
tein made it a promising candidate for mutagenesis and fluo-
rophore attachment without interfering with the folding mech-
anism. For single-molecule studies, the protein sequence was
modified using site-directed mutagenesis, expressed with two
cysteine residues close to the termini and labeled with malei-
mide derivatives of the Alexa Fluors 488 and 594 as donor and
acceptor, respectively.[96] Specific labeling was achieved by se-
quential reactions with the two dyes and chromatographic pu-
rification after each labeling step, allowing even the separation
of the labeling permutants.

4.2. Equilibrium Experiments on Freely Diffusing Molecules

In a first series of equilibrium experiments, freely diffusing la-
beled CspTm molecules were observed with a two-color confo-
cal instrument as illustrated in Figure 2.[96] The fluorescence

Figure 4. Schematic structures[162] of folded and unfolded protein labeled with donor (Alexa 488) and acceptor (Alexa 594) dyes. A) Folded CspTm, a 5-strand-
ed, 66-residue b-barrel protein (PDB-code 1G6P),[163] B) unfolded CspTm. A blue laser excites the green-emitting donor dye, which can transfer excitation
energy to the red-emitting acceptor dye.
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emission of the donor and acceptor dyes is separated by a di-
chroic mirror and detected separately using avalanche photo-
diodes. The type of resulting signals is shown in Figure 2. Inter-
mittent photon bursts, corresponding to individual molecules
diffusing through the confocal volume, are identified using a
suitable combination of thresholds. From each burst, a transfer
efficiency is calculated according to Equation (2) after back-
ground subtraction, and entered into a histogram. Typically, a
few thousand bursts are used to ensure reliable statistics.
Figure 5B shows a series of such histograms measured at

different concentrations of the denaturant guanidinium chlo-
ride (GdmCl), which is used to shift the equilibrium between
folded and unfolded molecules. At low denaturant concentra-
tions, the histograms are dominated by events with high FRET
efficiency from folded molecules, but at higher GdmCl concen-
trations, a second peak is observed at lower efficiencies, corre-
sponding to unfolded molecules. This unfolding transition
nicely illustrates the existence of two thermodynamic states
separated by a free-energy barrier, similar to the results ob-

tained with CI2.[99] More importantly, however, the mean trans-
fer efficiency of the subpopulation of unfolded proteins shows
a clear shifting of the peak with decreasing GdmCl concentra-
tion, whereas the mean efficiency of folded molecules remains
constant. In order to account for possible effects of the solvent
on the photophysics or photochemistry of the fluorophores,
the same denaturant dependence was analyzed with a control
molecule, an icosaproline peptide (Figure 3A) labeled with the
same dyes as the protein (Figure 5B). In this case, only a very
slight shift of the efficiency peak was observed, which can be
accounted for by the change in refractive index of the solution.
Consequently, the much larger decrease in transfer efficiency
observed for unfolded CspTm molecules at low GdmCl concen-
trations must correspond to a real distance change—a collapse
in response to the change in solvent conditions. Collapsed
CspTm only becomes noticeable under conditions where the
large majority of molecules are folded, and therefore it could
not be observed in a corresponding equilibrium ensemble ex-
periment. The strength of the single-molecule approach is that

the subpopulations can be sepa-
rated, and investigated inde-
pendently.

4.3. Folding Kinetics Using
Microfluidic Mixing

A shortcoming of the equilibri-
um experiment is that, owing to
the small population of unfold-
ed molecules at low denaturant
concentrations, their mean
transfer efficiency cannot be de-
termined with high accuracy
over the entire concentration
range. A way to solve this prob-
lem is the transient population
of the unfolded state in a kinetic
experiment. In view of the opti-
cal requirements of confocal de-
tection, microfluidic laminar-
flow mixing devices[121,122] pro-
vide an ideal technical solution
to this problem.[123] Several mi-
crometer-sized channels are
etched into a silicon chip, which
is then bonded to a glass cover
slide (Figure 6A,B), allowing ex-
citation and emission in the visi-
ble wavelength range. Solutions
containing protein, denaturant,
and buffer can then be driven
through the channels using
compressed air and mixed in
the region where the channels
merge. The Reynolds numbers
in these experiments are small
enough (approximately 10�2) to

Figure 5. Histograms of measured FRET efficiencies at various GdmCl concentrations for labeled CspTm (A) and
(Pro)20 (B). The black curves are the best fits to the data using lognormal and/or Gaussian functions. The vertical
lines indicate the mean transfer efficiency of A) the unfolded subpopulation or B) (Pro)20 at 6m GdmCl. The peak
at transfer efficiencies near zero (shaded in grey) is due to molecules lacking an acceptor chromophore, owing
either to residual impurities or to photobleaching.
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guarantee laminar flow, and the microscopic dimensions of the
mixer channels ensure that rapid mixing can occur by diffusion
alone. Consequently, the concentrations of all solutes can be
calculated in the entire mixing region from their diffusion coef-
ficients (Figure 6B). Under the conditions used by Lipman
et al. ,[123] displacements due to diffusion and flow are compara-
ble over a period of a few milliseconds, and the solutions are
mixed by the time they have reached a point 50 mm beyond
the mixing region. The laser beam is positioned downstream
of the mixing region at distances chosen to correspond, via
the flow rate, to the desired delays following mixing. Data are
acquired in an analogous manner to the experiments on freely
diffusing molecules (see Section 3.2.), and transfer efficiency
histograms are accumulated at different times after mixing
(Figure 6C).
After initiating the reaction, a redistribution of the popula-

tions was observed (Figure 6C). As the number of unfolded
molecules decreased, there was a corresponding increase in
the number of folded molecules, and eventually the distribu-
tion converged to the equilibrium at the final concentration of
denaturant. The positions of the peaks, however, remained
constant, indicating that the average end-to-end distances of
the molecules in the subpopulations did not change during
the course of the reaction. This is the behavior expected for a
two-state system. However, although the peak positions are
constant during the folding reaction, the mean FRET efficiency
of the unfolded molecules after mixing was increased com-
pared to the situation before mixing. The lower denaturant
concentration after dilution results in more compact unfolded
molecules, which are populated within 50 ms (the dead time
of the mixer) and exhibit higher FRET efficiencies.[123] It is note-

worthy that qualitatively differ-
ent signal changes result from
collapse and folding. Collapse
of the unfolded state causes a
shift of the corresponding peak
to higher efficiency, whereas
folding increases the folded-
state population (as measured
by peak area) and depopulates
the unfolded state. In an en-
semble FRET experiment, both
collapse and folding would
result in an overall increase in
the transfer efficiency, and the
respective contributions could
be identified only indirectly by
kinetic modeling. With pressure-
jump experiments, it has now
been shown that the collapse
process of cold-shock proteins
occurs on a time scale shorter
than 50 ms,[124] in agreement
with the upper limit of unfolded
chain dynamics obtained from
single-molecule spectroscopy
(see Section 4.4.). It remains to

be established whether this reaction is merely a nonspecific
heteropolymer collapse in response to altered solvent condi-
tions or whether specific parts of the polypeptide chain
become structured under native conditions prior to the actual
folding process.
The transient population of unfolded molecules under

native conditions also allows a more accurate determination of
their mean FRET efficiencies at low denaturant concentrations,
which—compared to the equilibrium experiment (see Sec-
tion 4.2.)—has allowed us to extend the accessible concentra-
tion range substantially (Figure 7).[123] This brings us closer to
the physiologically relevant conditions, that is, in the absence
of denaturants. The structure and dynamics of the unfolded
state under native conditions are a potentially very important
determinant of the folding reaction and are therefore under in-
tense investigation.[49,125]

Figure 6. Protein-folding kinetics studied by microfluidic mixing. A) Photograph of the mixing device. B) Schematic
of the mixing area, with the three inlet channels coming in from the bottom. GdmCl concentrations calculated
from its diffusion coefficient and the flow rate are indicated on a color scale. The 1/e2 intensity contour of the
laser beam (light blue) is illustrated along with the cone of fluorescence emission collected by the microscope ob-
jective (yellow). C) Histograms of measured FRET efficiencies before (topmost panel) and at different distances
downstream of the mixing area, corresponding to different times after mixing. The vertical red line indicates the
mean FRET efficiency value in the unfolded state after mixing.

Figure 7. Dependence of the mean transfer efficiencies for unfolded CspTm
as a function of GdmCl concentration obtained in microfluidic mixing experi-
ments. The dotted line shows a third-degree polynomial fit to the data. The
shaded region indicates the range of denaturant concentrations where relia-
ble data could not be obtained from corresponding equilibrium experi-
ments.
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4.4. Chain Dynamics and the Protein-Folding “Speed Limit”

Even equilibrium single-molecule experiments provide the op-
portunity to obtain information on protein dynamics, particu-
larly those of the unfolded state.[96,126,127] Figure 8 illustrates

two limiting scenarios. If, on the one hand, chain dynamics are
very fast relative to the observation time for a single-molecule
(determined by the diffusion time through the confocal
volume), the chain explores a large fraction of its conforma-
tional space during this time, resulting in complete averaging
of end-to-end distances, and a single observed value for the
transfer efficiency for all molecules. If, on the other hand, chain
dynamics are very slow relative to the observation time, every
molecule may enter the confocal volume with a different con-
formation, which essentially remains constant during the time
the molecule is observed. As a result, a different FRET efficiency
is measured for every molecule, yielding a very broad distribu-
tion of transfer efficiencies for many molecules. For intermedi-
ate cases, distributions between these two extremes are ex-
pected. This type of “line broadening” can be used to extract
dynamic information from transfer efficiency histograms.[126,128]

However, the issue is complicated by the fact that, even for
a molecule with a single fixed distance or very rapid conforma-
tional averaging, the resulting FRET efficiency histogram does
not resemble a delta function. Experimental distributions are
broadened by shot noise (the variation in count rates about
fixed means due to the discrete nature of the signals) and
other as yet unidentified sources, possibly nonrandom photon
emission intervals caused by triplet state formation or intensity
variation across the focal volume. Quantifying these contribu-
tions will require detailed experimental and theoretical investi-

gation, but, with a suitable reference molecule, dynamic infor-
mation can be obtained even without a detailed knowledge of
such intrinsic broadening. For this purpose, we have used
polyproline peptides (see Section 3.4.), which have a narrow
end-to-end distance distribution due to their large persistence
length.[97] The transfer efficiency distribution determined for
such a rodlike molecule in a free diffusion measurement thus
reflects the intrinsic width of the distribution and can serve as
a reference. For a molecule with conformational dynamics that
are slow on the time scale of diffusion through the focal
volume, we would expect a broadening of the distribution rel-
ative to this reference. Conversely, a lack of broadening relative
to the polyproline peptide would indicate fast conformational
averaging and allows us to place limits on the autocorrelation
time of the end-to-end distance dynamics.
It was shown by Gopich and Szabo[126] that, for a Gaussian

chain with a mean squared end-to-end distance hr2i=R0
2, the

polypeptide reconfiguration time is t0=9.8t(s2
app�s2

0), where
s2
app is the variance in the measured transfer efficiencies for the

unfolded protein, and s2
0 is the variance due to noise and

other, non-interdye distance effects. Equating s2
0 with the var-

iance determined for icosaproline, and recognizing that, to
within experimental error, sapp cannot be more than 25%
larger than s0, a maximum value for t0 of 200 ms was deter-
mined by Schuler et al.[96,129a] More recent measurements using
a shorter observation period of 100 ms (Figure 9) show that
t0<30 ms,[129b] consistent with estimates from other meth-
ods.[42] Recently, it was shown that similar information can be
obtained directly from fluorescence correlation spectrosco-
py.[127]

The conformational dynamics in the unfolded state are
closely related to the maximum rate at which the protein
could fold in the absence of an activation barrier, the protein-
folding “speed limit”, and can therefore provide an estimate
for the elusive pre-exponential factor in a description of pro-
tein-folding kinetics using reaction-rate theory, as illustrated in
Figure 10. According to Kramers’ theory of unimolecular reac-
tion rates in solution,[130,131] a reaction can be described as a
diffusive process along a reaction coordinate on a free-energy
surface. Assuming parabolic profiles for the free-energy mini-
mum corresponding to the unfolded state and the activation

Figure 8. Chain dynamics and the time scale of observation. The diffusion of
molecules through the focal spot is shown schematically. In one case
(green), the reconfiguration time of the chain tr is large relative to the obser-
vation time t, resulting in a very broad transfer efficiency distribution. At the
other extreme (red), tr is much less than t, and theoretically a delta function
is expected for the transfer efficiency distribution of all molecules. Intermedi-
ate cases are shown in light green, yellow, and orange.

Figure 9. Analysis of the width of the transfer efficiency histogram of unfold-
ed protein (left panel, sCsp) molecules relative to the polyproline reference
(right panel, sPro). As sCsp is not significantly greater than sPro, chain dynamics
in the unfolded state must be fast relative to the observation time of 100 ms.
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barrier, the folding rate coefficient is given by Equation (5):

kf ¼
wminwmaxDmax

2pkT
expð�DG�=kTÞ ð5Þ

where wmin and wmax are frequencies that characterize the cur-
vature of the free-energy profile at the unfolded well and (in-
verted) barrier top, respectively; Dmax is the diffusion constant
at the barrier top; DG� is the height of the free-energy barrier ;
k is Boltzmann’s constant; and T is the absolute temperature (a
unit mass has been assumed for the fictitious particle diffusing
on this surface). If wmin�wmax and Dmax�Dmin, the pre-exponen-
tial factor in Equation (5) is essentially given by the reconfigu-
ration rate of the unfolded state, kr=w2

minDmin/kT, yielding kf=
kr/2pexp(�DG�/kT).[132,133] This equation can be solved for DG�,
if kf and kr are known, resulting in a way to calculate the free-
energy barrier, the central parameter determining the reaction
rate. Note that the free-energy barrier contains the activation
entropy and is therefore notoriously difficult to determine for
any solution reaction. The above result, combined with meas-
urements on contact formation in unstructured peptides,[134]

yields lower and upper bounds on the free-energy barrier for
folding of CspTm of 4 and 11 kT, respectively.[96] The determina-
tion of bounds on a free-energy barrier height provides a pre-
viously unavailable benchmark for theoretical free-energy sur-
faces.[135]

4.5. Folding Trajectories

The above examples show that single-molecule experiments
on freely diffusing protein molecules can provide a wealth of
information on the elementary processes of protein folding,
but the observation period for every molecule is limited to a
few milliseconds by the diffusion time through the focal
volume. One approach for observing individual proteins for an
extended period of time is their immobilization on a surface, a
technique that has been very successfully utilized for RNA fold-
ing experiments.[67,136] However, owing to the usually very low
conformational stability of proteins, interactions with the sur-
face can easily disturb the folding reaction.[117] Strategies for
minimizing such interactions include the optimization of sur-
face functionalization[137] and the encapsulation of individual

protein molecules in surface-tethered lipid vesicles.[138] Both
methods have allowed the observation of single-molecule pro-
tein-folding reactions using RNase H and adenylate kinase, re-
spectively.[139,140] In all of the cases where surface-bound vesi-
cles were used successfully, no indications were found for in-
teractions of the molecules under study with the membrane,
as shown by single-molecule polarization measure-
ments,[138,140,141] the absence of binding to corresponding sup-
ported bilayers, and the agreement with results obtained from
experiments not using vesicles.[141,142] Herein, I want to illus-
trate the power of the vesicle encapsulation method in experi-
ments on the cold-shock protein CspTm.[141]

Following a change in conditions that alters the equilibrium
population ratio of a two-state system, its relaxation is charac-
terized by an exponential time course. Although the macro-
scopic relaxation rate may be slow because of the low proba-
bility of crossing the barrier, the actual barrier-crossing process
for individual molecules is expected to be much shorter than
the residence time in each state. Consequently, with the cur-
rent time-resolution in single-molecule experiments, one ex-
pects an individual protein molecule to reside in either the un-
folded or the folded state for times given by the inverse mean
values of the folding and unfolding rate coefficients, with inter-
mittent and irresolvable jumps between the two states.[43]

However, a direct observation of this bistable behavior had not
been made, and previous reports of folding trajectories of indi-
vidual proteins have shown an unexpected degree of complex-
ity.[140,143–145] This raises the question whether the simple kinetic
properties derived from classical experiments on large ensem-
bles of molecules are reflected in the folding paths taken by
individual proteins.
To test this idea, individual, labeled CspTm molecules were

encapsulated in unilamellar lipid vesicles in aqueous buffer
containing 2m GdmCl, and were then surface-tethered using
biotin–avidin chemistry (Figure 11A). Under these solution con-
ditions, the rates of the folding and unfolding reactions are
equal, and consequently folded and unfolded states are equal-
ly populated[96] (Figure 12A). A sample-scanning confocal mi-
croscope was used to locate individual molecules of CspTm
and record fluorescence intensity traces. Donor and acceptor
photons were collected separately, allowing the calculation of
FRET efficiencies as a function of time. Two such measurements
are shown in Figure 11B. Steady levels of FRET efficiency are
followed by rapid jumps, until photobleaching of one of the
dyes occurs. Based on the previous FRET experiments with
CspTm,[96] high transfer efficiencies were identified with the
folded state and low transfer efficiencies with the unfolded
state of the protein. Consequently, abrupt changes in the FRET
efficiency represent folding or unfolding events. The actual
transitions were too rapid to be time-resolved, even with a
sampling period of 100 ms. This behavior is exactly what would
be predicted from the notion of a barrier-crossing process be-
tween two well-defined thermodynamic states, as described
above.
The simplicity of the trajectories and the stochastic occur-

rence of folding and unfolding permitted a quantitative com-
parison with ensemble experiments. From the trajectories ob-

Figure 10. One-dimensional free-energy surface for a protein-folding reac-
tion described with Kramers’ theory.
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served, a histogram of all time intervals preceding folding and
unfolding transitions was constructed (Figure 12B). An expo-
nential fit to this histogram gave a rate constant in agreement
with the folding rate constant determined in an ensemble
stopped-flow experiment under identical solution conditions,
validating the single-molecule result. Consequently, the simple
two-state behavior of CspTm inferred from ensemble-averaged
experiments is reflected quantitatively in the folding trajecto-
ries of individual molecules. Extensions of studies of this type
might allow a measurement of the heterogeneity of protein
stabilities and folding kinetics within a population, essentially a
test of the ergodic hypothesis for protein folding, or the inves-
tigation of protein folding in vivo.

5. Summary and Outlook

From the successes in the past five years, it is to be expected
that single-molecule studies will play an increasingly important
role in our understanding of protein folding. Single-molecule
FRET experiments on freely diffusing protein molecules can be
used to investigate equilibrium and dynamic properties that
are difficult to obtain from ensemble experiments. They allow
the direct enumeration of thermodynamic states, the investiga-
tion of intramolecular distances in unfolded proteins at equilib-

Figure 11. Experiments on protein molecules immobilized in surface-tethered lipid vesicles. A) Schematic of CspTm encapsulated within a surface-tethered
vesicle (relative dimensions not to scale). The laser beam is indicated in grey. B) Folding trajectories of individual protein molecules showing the characteristic
steplike transitions between the folded and unfolded states, corresponding to the actual barrier-crossing process (*).

Figure 12. Comparison of folding kinetics obtained from ensemble stopped-
flow experiments and single-molecule folding trajectories. A) Dependence of
the observed relaxation rate l of the folding/unfolding reaction of CspTm
on GdmCl concentration observed in an ensemble fluorescence stopped-
flow experiment with the corresponding fit to a two-state model (black
line). At the unfolding midpoint (vertical line), the folding and unfolding rate
constants kf and ku are equal. B) Histogram of transition times obtained from
43 protein molecules (54 transitions) fitted to a single exponential decay
(black curve). The rate constant obtained from the fit agrees well with the
ensemble-averaged folding rate constant.
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rium (even under conditions favoring the folded state), and
they provide information about the reconfigurational dynamics
in the unfolded state. To study single-molecule folding kinetics,
microfabricated laminar-flow mixers can be coupled to a con-
focal fluorescence detection system. This way, folding and un-
folding can be initiated by an abrupt change in denaturant
concentration under continuous flow, which allows us to
follow the evolution of the intramolecular distance distribution
as folding progresses. Finally, studies on molecules immobi-
lized in surface-tethered lipid vesicles enable the observation
of folding trajectories of individual proteins and have provided
the first, model-free demonstration of two-state protein fold-
ing.
A next step will be to study molecules with more complicat-

ed folding mechanisms, or folding under conditions where the
reaction to the correctly folded native state competes with
misfolding and aggregation. These processes are closely con-
nected to a range of diseases, such as Alzheimer’s, Parkinson’s,
and Huntington’s disease, and type II diabetes (where protein
misfolding and aggregation lead to the accumulation of patho-
logical deposits, or amyloid). The mechanisms involved in their
formation can be expected to be even more heterogeneous
than those of protein folding and will profit greatly from
single-molecule fluorescence detection, which allows the sepa-
ration of subpopulations[146] or the assembly of individual ag-
gregates to be observed in real time.[147,148] For these problems,
it is particularly important to control the effect of the dyes on
the stability and aggregation behavior of the polypeptides
under study.
Another area for which single-molecule approaches hold a

lot of promise is the study of accessory proteins and other fac-
tors that influence protein folding in vivo.[149,150] Single-mole-
cule studies on the mechanism of the molecular chaperone
GroE in vitro have already been reported,[151–153] and the
coming-of-age of single-molecule studies in vivo[154] might
soon allow us to address issues such as the effect of co-transla-
tional folding on the ribosome,[155] macromolecular crowd-
ing,[156] and the entire range of molecular chaperones on pro-
tein folding and stability in a cellular environment.
An ultimate goal is the time-resolved observation of the bar-

rier-crossing processes of protein folding. Ideally, we could
then watch parts of the protein chain come together and form
the native structure, where each molecule might be expected
to take a slightly different route to the free-energy minimum.
However, an intrinsic limitation of fluorescence detection from
individual molecules is that the photon emission rate cannot
be greater than the decay rate of the electronically exited state
of the chromophores used, typically of the order of 109 s�1. In
view of other complications, such as the population of triplet
states or nonideal photon collection efficiencies, observing
processes on microsecond time scales and faster will require
new ideas from spectroscopy, organic chemistry, biochemistry
and theory.[126, 128,157–161] The marriage of these disciplines has
proven very successful for protein folding in the past and will
certainly continue to provide new insights and challenges.
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