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A conundrum has arisen in the study of the structural states of the
GroEL–GroES chaperonin machine: When either ATP or ADP is
added along with GroES to GroEL, the same asymmetric complex,
with one ring in a GroES-domed state, is observed by either x-ray
crystallographic study or cryoelectron microscopy. Yet only ATP�
GroES can trigger productive folding inside the GroES-encapsu-
lated cis cavity by ejecting bound polypeptide from hydrophobic
apical binding sites during attendant rigid body elevation and
twisting of these domains. Here, we show that this difference
occurs because polypeptide substrate in fact presents a load on the
apical domains, and, although ATP can counter this load effec-
tively, ADP cannot. We monitored apical domain movement in real
time by fluorescence resonance energy transfer (FRET) between a
fixed equatorial fluorophore and one attached to the mobile apical
domain. In the absence of bound polypeptide, addition of either
ATP�GroES or ADP�GroES to GroEL produced the same rapid rate
and extent of decrease of FRET (t1/2 < 1 sec), reflecting similarly
rapid apical movement to the same end-state and explaining the
results of the structural studies, which were all carried out in the
absence of substrate polypeptide. But in the presence of bound
malate dehydrogenase or rhodanese, whereas similar rapid and
extensive FRET changes were observed with ATP�GroES, the rate
of FRET change with ADP�GroES was slowed by >100-fold and the
extent of change was reduced, indicating that the apical domains
opened in a slow and partial fashion. These results indicate that the
free energy of �-phosphate binding, measured earlier as 43 kcal per
mol (1 cal � 4.184 J) of rings, is required for driving the forceful
excursion or ‘‘power stroke’’ of the apical domains needed to
trigger release of the polypeptide load into the central cavity.

Chaperonins are large ring assemblies that play an essential role
in the cell in the final step of information transfer from DNA

to effector protein: They assist polypeptide chain folding to the
native state through the consumption of ATP. Although the early
studies of Anfinsen (1) showed that polypeptide chains contain
sufficient information in their primary structure to direct folding to
the native state, typically the thermodynamic minimum, polypep-
tides can misfold during this process under cellular conditions of
high temperature and solute concentration, and thus the cell has
evolved components that provide kinetic assistance to enable rapid
and efficient attainment of the native state (2–4). These specialized
proteins, known as molecular chaperones, act in general by recog-
nizing nonnative substrate proteins through their selective exposure
of hydrophobic surfaces, surfaces that are typically buried in the
interior of a protein in its native state.

Chaperones, through their own hydrophobic binding sites, bind
nonnative states in a variety of different topologic contexts, e.g., as
extended segments (Hsp70 family) or in collapsed forms (Hsp60
family), serving to stabilize nonnative forms or even reverse their
incipient misfolding. Subsequently, in many cases through the
action of binding ATP, chaperones change their own conformations
such that they release polypeptide substrates, allowing them, for
example, to pursue a trial of folding to native form or to pass
through a translocon. In many cases, multiple cycles of such binding

and release, essentially a trial and error process, are required for a
productive outcome. In the cellular context, such cycles within any
given compartment involve a partitioning of released protein
substrate between a network of different chaperones such that,
depending on the binding kinetics, the substrate can be directed to
a fate ranging from folding to native form, at one extreme, to
unfolding and degradation by the proteolytic system, at the other.

The chaperonin class (Hsp60) of double-ring chaperones appears
to be unique in ability to promote the native state inside the central
cavity of a ring (5–8). Chaperonins accomplish such action through
both a step of binding a nonnative substrate protein in an open ring
(9–11), serving to prevent it from misfolding and aggregation and
perhaps unfolding it further, and a subsequent step of folding,
carried out after release into a now encapsulated central cavity
(5–8, 12) that has an altered character of its walls (13) triggered by
the binding of ATP and, for bacterial and organellar chaperonins,
of a cochaperonin (Hsp10) lid (5–7, 13).

Folding in this favorable environment proceeds for a period
governed by a timer: the rate of ATP hydrolysis (14). After
hydrolysis, ligands, including polypeptide, in either folded or non-
native forms (15, 16), are released from the ring by the binding of
ATP to the opposite ring (14), a function of the anticooperativity
of ATP binding between rings (17), which places them out of phase
with respect to each other in actions of polypeptide binding and
folding. Thus, at the chaperonin machine, as for others, the energy
of ATP binding is used to effect work, here either of nucleating the
folding-active state when binding to the same ring as polypeptide or
of dissociating the folding-active state when binding to the opposite
ring. ATP hydrolysis, by contrast, is used to directionally advance
the machine from its folding-active state toward the binding-active
state. Notably, the longest part of the ATP-driven chaperonin
reaction cycle (t1/2 � 10 sec) is the folding-active ATP-bound (and
cochaperonin-bound) state (18). The hydrolysis timer appears to be
slow enough to optimize the ability of proteins to fold in the
enclosed cavity, but it also has to be sufficiently fast to release
polypeptides from the chaperonin, allowing them, for example, to
assemble with partners into oligomeric protein, but more generally
to be accessible in the cell to carry out work.

Cavity-Mediated Folding by GroEL
Binding-Active State. The cavity of a ring of bacterial GroEL, the
chaperonin studied in greatest depth, transits in any given folding
cycle between two major states, a binding-proficient one and a
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folding-active state (see Fig. 1a) (19). In the binding state, the open
polypeptide-accepting form of a GroEL ring exposes a hydrophobic
surface at its apical cavity aspect (20, 21), and this surface can
multivalently bind nonnative polypeptide through exposed hydro-
phobic surfaces (22). Such binding to the exposed hydrophobic
surfaces of a nonnative protein prevents those surfaces from
forming multimolecular interactions with other proteins, which can
lead to irreversible aggregation. The multivalent nature of binding,
involving contact of the substrate by multiple surrounding apical
domains of a GroEL ring (22), may serve to keep the bound protein
in a relatively loosely structured state, as indicated by hydrogen
exchange and recent NMR experiments (19). In addition, such
binding may potentially catalyze unfolding of the substrate protein
(23). Unfolding seems likely to result from a so-called thermody-
namic partitioning mechanism, in which GroEL preferentially binds
less-folded states, thus shifting through mass action the collective of
nonnative forms toward relatively less folded ones that bind better
(24, 25). Thus, the presence of GroEL can rescue incipiently
misfolding states, probably including low-order aggregates that
spontaneously dissociate into monomers that can be bound (26).
Similarly, GroEL may also bind on-pathway intermediate states
that expose significant hydrophobic surface in the context of a
collapsed, loosely structured state.

Folding-Active State. In the presence of ATP and cochaperonin
GroES, a major transition occurs in a polypeptide-bound GroEL
ring (12, 13). Small rigid-body movements of the intermediate and
apical domains of the ring attendant to cooperative binding of ATP
in the seven equatorial sites cause an initial degree of apical domain
elevation and twist (27). These movements are followed by rapid
and stable binding of GroES, occurring in well under 1 sec (18),
associated with a very large further excursion, such that the apical
domains ultimately have undergone an elevation of 60° and clock-
wise twist of 90° from their unliganded position (13). This excursion
effectively moves the hydrophobic polypeptide binding surface
entirely away from the central cavity and concomitantly releases
polypeptide substrate into it (7, 14). The hydrophobic surface now
forms contacts with GroES, in particular with the mobile loops
extending from the body of the cochaperonin, which now assume
a stable �-hairpin configuration, contacting the hydrophobic apical
surface by means of one edge (28, 29). Another portion of the
hydrophobic surface becomes involved in a new interface between
neighboring apical domains (29). The released polypeptide folds
inside this encapsulated chamber in isolation, where it cannot
aggregate. Furthermore, the cavity walls of this encapsulated
chamber likely favor productive folding. As a result of the rigid-body
movements, the surface has switched from its original hydrophobic

Fig. 1. Construction and analysis of chaperonin
complexes containing a fluorescent donor�
acceptor-labeled subunit that reports apical do-
main movement by FRET. (a) Positions of two
GroEL residues substituted with Cys that were
used as sites for attachment of fluorophores, in a
subunit of an unliganded ring and in a GroES–
ADP–AlF3-bound subunit. (Left) The small ribbon
images show intact GroEL (Upper) and GroEL–
GroES–ADP-AlFx (Lower) complexes, highlighting
the individual subunits shown Right. The dis-
tances shown were measured in the program O

(45) between the position of the �-carbon of
Lys242, which was replaced here with Cys, and the
�-carbon of a Cys residue modeled to extend by an
additional residue the terminal strand of GroEL
present in electron density in the monoclinic
structure (38). The circles drawn connote a diam-
eter of 6 Å around these �-carbon positions. (b)
Production in vivo of complexes bearing a single
Cys-substituted subunit, marked by deletion of its
COOH terminus, by relative cooverexpression of a
full-length Cys0 subunit. (Left) The two encoding
plasmids and the relative levels of inducers.
(Right) SDS�PAGE analysis showing overproduc-
tion of the truncated Cys-substituted subunit,
Cys242,527��C (lane 1), coexpression of the two
subunits with relative overexpression of the Cys0
subunit (lane 2), and overexpression of the Cys0
subunit (lane 3). (c) Demonstration by SDS�PAGE
that the native complexes produced in vivo con-
tain the same mixture of subunits observed in b
when captured through Cys residues under oxi-
dizing conditions on thiopropyl Sepharose, which
only retains GroEL with subunits containing Cys.
As shown in the middle two lanes, the relative
ratio of Cys242,527��C-substituted and Cys0 sub-
units was identical in the loaded extract (leftmost
lane) and after elution from the thiopropyl resin with DTT (rightmost lane). (d) Fluorescence emission spectra of mixed subunit GroEL complex labeled with donor
fluorophore (fluorescein) only or with both donor and acceptor (tetramethylrhodamine). Donor emission at the maximum of 520 nm was quenched by the
presence of acceptor (see time-resolved data in Fig. 4 for decay curves showing that this quench is a function of FRET). The emission of the donor�acceptor-labeled
molecules was dequenched by addition of ADP–GroES, indicating a decrease in FRET and an increased distance between the fluorescent labels. (e) FRET efficiency
estimated from the emission at 520 nm in curves similar to those in d and determined in the presence of ADP alone [which produces only small excursions of the
GroEL apical domains as observed in a cryoelectron microscopy study (12)] and various combinations of nucleotide and GroES that produce GroES-bound
asymmetric complexes whose apical domains are fully elevated and twisted, demonstrating a large change of FRET efficiency associated with nucleotide�GroES
binding. Three different labeled preparations of tetradecamer GroEL (filled bars) or single-ring SR1 (open bars) were used for each measurement; the averages
are plotted along with the error bars, which show standard deviations.
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character to a hydrophilic character, which may favor burial of
hydrophobic surfaces in the folding substrate and exposure of
hydrophilic surfaces, properties of the native state. The cavity walls
also provide a state of close confinement in a ‘‘cage,’’ preventing
population of various states (for example, extended ones) that could
not be physically accommodated (30). This confinement may
effectively ‘‘smooth’’ the energy landscape down which folding
proceeds to the native state. To summarize, then, the central cavity
of GroEL provides a privileged environment that supports pro-
ductive folding both through capture of the nonnative states of a
large number of different proteins and through support of their
productive folding in a favorable environment produced upon
encapsulation by the cochaperonin GroES.

A Current Conundrum: ATP�GroES and ADP�GroES End-States
Have the Same Structure, but Only ATP�GroES Is
Folding-Active
Here we present experiments dealing with the nature of the
transition from the binding-active state of GroEL to its folding-
productive state. In particular, we present the resolution of a
conundrum that has clouded our understanding of the chaperonin
system for the past several years. This problem concerns structural
observations from both x-ray studies and solution cryoelectron
microscopy that the same asymmetric GroEL–GroES end-state is
reached when either ATP or ADP nucleotide is supplied (refs. 13
and 29 and N. Ranson, personal communication). This similarity
has been confusing, because we and others (e.g., refs. 31 and 32)
have observed repeatedly that only ATP will support productive
folding of the most stringent GroEL�GroES-dependent substrate
proteins, whereas ADP will not. Despite these findings, it was also
established in early studies that GroES can bind to GroEL in the
presence of ADP (33) and that this can take place even in the
presence of substrate protein, allowing, for example, the observa-
tion that the encapsulated substrate protein is resistant to digestion
by exogenously added protease (5). On the other hand, many
experiments show that although substrate is encapsulated inside
such ADP GroEL–GroES ternary complexes, it is not released
from the cavity wall and, therefore, does not undergo steps of
folding. For example, addition of ATP and GroES produces a rapid
drop of fluorescence anisotropy of endogenous tryptophans in
GroEL-bound ribulose-1,5-bisphosphate carboxylase�oxygenase
(14) or of GroEL-bound pyrene-labeled rhodanese (7), commenc-
ing within the dead time of mixing (�50 msec). By contrast,
addition of ADP and GroES fails to promote any change in
anisotropy of either substrate over 10 min. These observations,
then, suggest that there should be significant structural differences
between ATP and ADP GroEL–GroES complexes; yet none have
been observed. By using fluorescence resonance energy transfer
(FRET) to monitor in real time the opening movements of the
apical domains of GroEL, we show that there is a significant
difference in the rates and even the extents of apical domain
movement in ATP versus ADP but only in the presence of bound
substrate protein. Polypeptide thus appears to comprise a load on
the apical domains that can only be overcome by the additional
energy supplied by the �-phosphate of ATP.

Materials and Methods
Proteins. To produce mixed GroEL complexes, Cys0 GroEL
(C138A, C458A, and C519A) in the pTrc99m vector (AmpR and trc
promoter) and Cys242,527��C GroEL in a pACYC vector (CamR

with an introduced ara promoter) were transformed simultaneously
into the Top10 Escherichia coli strain. Expression of mixed com-
plexes containing approximately one Cys242,527��C subunit in an
otherwise Cys0 GroEL oligomer or Cys0 SR1 oligomer was induced
with 0.5 mM isopropyl �-D-thiogalactoside and 0.002% L-arabinose
for 3 h at 37°C. The ratio between Cys242,527��C and Cys0
subunits was estimated from the ratio of band intensities of Coo-
massie-stained SDS�PAGE gels (0.06 for Cys0 � Cys242,527��C,

0.10 for SR1 Cys0 � Cys242,527��C; e.g., Fig. 1c). Mixed com-
plexes were purified by Q Sepharose FF and SOURCE 15 ISO
chromatography (22) and incubated with Affi-Gel blue (Bio-Rad)
in 50 mM Tris, pH 7.5�1 mM DTT containing 20% methanol for
2 h at 25°C to ‘‘strip’’ residual in vivo-bound proteins. Purified
complexes were dialyzed against 50 mM Tris, pH 7.5�50 mM KCl�1
mM tris(carboxyethyl)phosphine before labeling. GroES Cys98 was
produced as described (18). Pig heart mitochondrial malate dehy-
drogenase and hexokinase were purchased from Roche Applied
Science. Bovine rhodanese (7) and human dihydrofolate reductase
(DHFR) (34) were expressed and purified as reported.

Binary Complex Formation. Malate dehydrogenase (MDH), rho-
danese, and DHFR were denatured in 9 M urea�50 mM Tris, pH
7.5�10 mM DTT for 30 min at 37°C. Binary complexes were formed
between mixed GroEL or SR1 oligomers and the substrate proteins
by rapidly diluting the denatured protein 100-fold into a solution of
0.2 �M GroEL or SR1 in buffer A (50 mM Tris, pH 7.5�50 mM
KCl�10 mM MgCl2�1 mM DTT), such that the final concentrations
of substrate protein subunits were 1.0 or 0.5 �M in the mixtures with
GroEL or SR1, respectively. After 10 min at 25°C, the mixtures
were centrifuged to remove aggregated excess substrate protein.
Refolding experiments showed that GroEL and SR1 were essen-
tially saturated with substrate protein under these conditions.

Fluorescence Labeling. GroEL (10 �M) was labeled with 100 �M
fluorescein maleimide (Molecular Probes) in 50 mM Tris, pH
7.5�50 mM KCl�0.2 mM tris(carboxyethyl)phosphine�20% glyc-
erol for 24 h at 4°C. The reaction was quenched by addition of 1 mM
DTT. Unreacted labeling reagent was removed by ultrafiltration
and gel filtration on a PD-10 column (Amersham Pharmacia)
equilibrated with the same buffer. The GroEL fraction was reacted
with 10 �M tetramethylrhodamine maleimide (Molecular Probes)
at 4° for 48 h and purified by the same procedure. The labeling
efficiency was estimated from absorbance at 491 nm for fluorescein
(� � 83,000 M�1�cm�1) and 541 for tetramethylrhodamine (� �
95,000 M�1�cm�1). The fraction of molecules labeled only with
donor and with both fluorescent labels was calculated from the
fluorescence lifetime measurements (Fig. 4, which is published as
supporting information on the PNAS web site).

Fluorescence Lifetime Measurements. Fluorescence lifetimes were
measured by using a time-domain fluorometer (Photon Technology
International, Lawrenceville, NJ). Excitation from the dye laser was
at 490 nm, filtered through a short-wave pass filter (catalog no.
R00910-00, Reynard, San Clemente, CA). Samples were measured
under the same conditions as in the steady-state fluorescence
experiments below; for samples with GroES and ATP, fluorescence
lifetimes were measured after the steady-state fluorescence change
had reached equilibrium. Amplitude, fractional intensity, and life-
time parameters were calculated by a nonlinear least-squares
procedure (35) with software from the Center for Fluorescence
Spectroscopy (cfs.umbi.umd.edu�cfs�). Distances were estimated
by using the Förster equation, r � R0[(1�(1 � �DA��D) � 1)]1/6,
where the Förster distance, R0, was assumed to be 54 Å (36).

Steady-State and Stopped-Flow FRET. Steady-state fluorescence
measurements were taken on a QM-1 fluorescence spectrometer
(Photon Technology International). Solutions contained 0.02 �M
chaperonin or 0.02 �M chaperonin–polypeptide binary complexes
in buffer A; 0.1 �M GroES and 1 mM nucleotide were added and
mixed manually. When ADP was used, 0.01 units��l hexokinase
and 100 mM glucose were added to hydrolyze any contaminating
ATP (37). Where indicated, 0.2 mM KAl(SO4)2 and 5 mM KF were
also added. Note that these concentrations are about 1�10th those
used to form AlFx for functional studies in ref. 13, necessitated to
prevent precipitation in the cuvette. A slower rate of refolding is
associated with this concentration. Excitation of the donor was at

Motojima et al. PNAS � October 19, 2004 � vol. 101 � no. 42 � 15007

BI
O

CH
EM

IS
TR

Y
IN

A
U

G
U

RA
L

A
RT

IC
LE



490 nm, and emission was measured at 520 nm, where no appre-
ciable acceptor fluorescence emission occurs.

The stopped-flow apparatus has been described in ref. 14. Assays
were carried out under the same buffer conditions as for the
steady-state FRET measurements. The excitation wavelength was
475 nm. Emission light was filtered by a green color separation filter
(catalog no. R01945-00, Reynard), a short-wave pass filter (catalog
no. R00915-00, Reynard), and a long-pass barrier filter (catalog no.
GG495, Schott, Duryea, PA). Data were analyzed by a least-squares
fitting procedure (Kaleidagraph, Reading, PA).

Results
Placement of Fluorophores That Report Apical Domain Movement by
FRET. Strategy and production of labeled GroEL molecules. To monitor
GroEL apical domain movements in real time, we placed a donor–
acceptor pair of fluorophores at two distinct positions within the
same GroEL subunit, selected such that their separation in an
unliganded GroEL ring would produce FRET that would change
substantially upon transition to a GroES-bound state (Fig. 1a). The
two positions for labeling were selected by examination of the
crystal structures of unliganded GroEL (20) and GroEL-GroES-
ADP-AlF3, the latter recently shown to structurally and functionally
mimic an ATP�GroES-bound state (13). Asn527 lies at the inside
aspect of the stable equatorial ‘‘base’’ of the GroEL subunit,
comprising the first residue of the flexible COOH-terminal tail of
the GroEL subunit (Fig. 1a). Although not crystallographically
resolvable (the last resolvable residue is Lys526) (38), it would,
nevertheless, be predicted to lie near the wall of the cavity, i.e.,
within �4 Å of residue 526, which lies just inside the wall. Because
the resolvable portion of the equatorial domain does not undergo
any significant structural change upon nucleotide�GroES binding
to GroEL (Fig. 1a), we predicted that residue 527 would itself be
relatively fixed in position. By contrast, the other residue chosen,
Lys242, which lies at the top of the cavity-facing aspect of the apical
domain of unliganded GroEL at the COOH-terminal end of an
�-helix involved in polypeptide binding (helix H), undergoes a
major movement through space upon nucleotide�GroES binding.
Lys242 is elevated and rotated away from its original position, as
part of the rigid-body movement of the apical domain, to a position
where its side chain points out from the top of the GroEL portion
of the GroES-bound (cis) ring into the bulk solution, increasing its
distance from residue 527 from �52 Å to �82 Å (Fig. 1a).

Residues 242 and 527 were altered to Cys in a Cys0 version of
GroEL (Cys0) (14) and, in addition, the COOH-terminal residues
beyond residue 527 (amino acids 528–547) were deleted to enable
ready identification of the substituted subunit. The altered subunit,
Cys242,527��C, was shown to be fully functional, insofar as its
expression could rescue growth of a GroEL-deficient strain (data
not shown). To simplify interpretation of FRET data, we wished to
limit potential modification sites to only one subunit in any given
GroEL tetradecamer. This arrangement was accomplished by
coexpressing Cys242,527��C at a relatively low level from an ara
promoter and Cys0 full-length GroEL (wild type at residues 242 and
527) at a high level from a trc promoter in the same cell strain (Fig.
1b). SDS�PAGE analysis of cells that had been directly solubilized
revealed an �15-fold excess of the Cys0 full-length subunit over the
Cys242,527��C subunit (Fig. 1b).

To demonstrate that the complexes were indeed mixed in char-
acter, the Cys-containing complexes were captured under oxidizing
conditions on a thiopropyl Sepharose resin and were then recovered
by reduction. The same relative ratio of full-length to deleted
subunits was observed in the recovered complexes as in the loaded
material (Fig. 1c, middle two lanes, compare load and DTT-eluted),
indicating that the full-length, Cys0 subunits were coassembled in
the observed ratio with the deleted, Cys-substituted ones.

The complexes were labeled with donor and acceptor fluoro-
phores fluorescein and tetramethylrhodamine, respectively, in se-
quence: first the donor and then the acceptor (see Materials and

Methods). This protocol was expected to produce a mixed popula-
tion of fluorescently labeled molecules, a portion of which would be
heterologously labeled with donor at one position and acceptor at
the other and another portion of which would have the donor (or
the acceptor) fluorophore at both positions. Fluorescence lifetime
studies (Fig. 4a), which examined decay of donor fluorescence of
the products of the double-labeling reaction, indeed revealed two
different single exponential rates of decay: one with a slower rate
(�1 � 4.09 nsec) also observed for the sample labeled only with
donor, which accounted for 36% of the reporting molecules in the
double-labeled sample and a second, more rapid rate (�2 � 1.35
nsec) observed only for the double-labeled sample, which reflected
FRET between the donor and acceptor fluorophores and involved
64% of the donor-labeled molecules. Note that molecules labeled
only with acceptor do not contribute to this and the following
analyses. The FRET efficiency calculated from these time con-
stants is 0.67, which can be used to estimate an interfluor distance
of �50 Å (see Materials and Methods). This finding is consistent
with the distance between residues 242 and 527 in unliganded
GroEL estimated from the crystallographic model (�52 Å).
Observation of FRET and change of efficiency caused by binding GroES.
The steady-state fluorescence emission spectra, excited at the donor
excitation maximum, of complexes labeled only with the donor
fluorophore or labeled with both fluorophores were determined
(Fig. 1d). Consistent with occurrence of FRET in the double-
labeled complexes, as apparent from the fluorescence decay stud-
ies, the fluorescence intensity of the double-labeled molecules at
the donor emission maximum (520 nm) was substantially quenched
relative to that of the single-labeled ones. Whereas addition of ADP
and GroES did not affect the molecules labeled only with the donor
fluorophore (data not shown), when added to the double-labeled
molecules, there was an increase of fluorescence at the donor
emission maximum (Fig. 1d), reflecting dequenching of the donor
and decreased FRET efficiency, as predicted from the increase of
distance between donor and acceptor as a result of the conforma-
tional change in GroEL. FRET efficiency could be quantitated
from similar experiments using various nucleotides and GroES
(Fig. 1e, solid bars), correcting for the contribution of the molecules
in the double-labeled population that were only labeled with the
donor fluorophore (see Materials and Methods). From these cal-
culations, ATP�GroES binding produced a reduction in FRET
efficiency from �65% to �27% (Fig. 1e). Notably, when ATP�
GroES is added to GroEL, it produces a cycling reaction in which
50% of the rings bearing a fluorescent subunit are unoccupied by
GroES at any given time (assuming one labeled subunit per GroEL
molecule) and adopt the unliganded conformation. Thus, the
FRET change must come from the �50% of molecules that are
GroES-bound at any given time. Consistent with this finding, the
fluorescence decay curve of such a sample (Fig. 4a, panel 4) could
be best fit by the sum of three exponentials: as before, one for a ring
with a donor-only-labeled subunit (�1 � 4.09 nsec) and one for a
ring with a double-labeled subunit in the unliganded state (�2 � 1.35
nsec) but also an additional one for a double-labeled subunit in a
GroES-liganded ring (�3 � 2.94 nsec), each accounting for about
one-third of the labeled population. Furthermore, when ADP�
GroES or ADP-AlFx�GroES was added, producing stable asym-
metric GroEL-GroES complexes in which GroES becomes ran-
domly associated with one ring of GroEL, either the same ring as
the fluorescent subunit or the opposite one, the same reduction of
FRET efficiency relative to GroEL alone was obtained (Fig. 1e)
and the same decay curves were seen (see Fig. 4a for ADP�GroES).

As further evidence that the FRET change reflects principally,
if not exclusively, the formation of GroES-bound GroEL rings,
SR1, a single-ring version of GroEL that binds GroES stably in the
presence of ATP, was similarly modified, labeled, and studied.
When ATP and GroES were incubated with labeled SR1 as in the
preceding experiments, a nearly identical change in FRET effi-
ciency was observed (Fig. 1e, open bars). Here, however, the
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fluorescence decay curve was fit by only two exponentials (Fig. 4b),
reflecting the expected presence of only two populations of mol-
ecules: those labeled only with donor (� � 4.09 nsec) and those with
a double-labeled subunit in a GroES-liganded ring (� � 2.95 nsec).
Note that the presence of GroES does not affect the fluorescence
decay of the population of molecules that had received only the
donor fluorophore in the double-labeled sample.

Time-Dependent Changes of FRET: Presence of Substrate Polypeptide
Drastically Slows Apical Movement in ADP�GroES. FRET changes in the
absence of substrate. The changes in steady-state FRET upon
nucleotide�GroES binding to both GroEL and SR1 were also

monitored in a time-dependent manner (Fig. 2). We observed that
ATP�GroES produced the FRET change rapidly, within a second
of addition (Fig. 2a, panels 1 and 3). The changes were more
accurately observed with stopped-flow mixing (Table 1 and Fig. 5,
which is published as supporting information on the PNAS web
site). The kinetics of the FRET change with GroEL involved a rapid
increase (k1 � 2.7 s�1) leading to an overshoot of the final
amplitude followed by a decrease and slight rebound. For SR1,
there was a similarly rapid rise (k1 � 2.6 s�1) but no overshoot,
leading us to conclude that the overshoot observed with GroEL is
likely the result of transient binding of ATP or ATP�GroES to the

Fig. 2. Time course of change in FRET in
the presence of nucleotides, GroES, and
bound substrate polypeptides. (a) Addi-
tion of GroES and either ATP (panels 1
and 3) or ADP (panels 2 and 4) to both
GroEL (panels 1 and 2) and SR1 (panels 3
and 4), without bound polypeptide, re-
sults in a rapid change in FRET. GroES (0.1
�M) and nucleotide (1 mM) were added
to 0.02 �M chaperonin with manual mix-
ing; KAl(SO4)2 and KF were added to
final concentrations of 0.2 mM and 5
mM, respectively, to form AlFx where
indicated. (b) Addition of GroES and ei-
ther ATP (panels 1, 3, 5, and 7) or ADP
(panels 2, 4, 6, and 8) to binary com-
plexes of GroEL and SR1 with substrate
polypeptides results in reduced rates
and extents of FRET change, particularly
with ADP. GroES and nucleotide were
added as in a to 0.02 �M binary com-
plexes of GroEL or SR1 and MDH (panels
1–4) or rhodanese (rho) (panels 5–8)
with manual mixing; AlFx was formed as
above and added where indicated. (c)
Addition of GroES and either nucleotide
to binary complexes of chaperonins with
DHFR, a less tightly bound substrate
polypeptide, results in greater rates of
FRET change. Experiments were carried
out as in b, except with 0.02 �M chaper-
onin–DHFR binary complexes. For all ex-
periments, excitation was at 490 nm and
emission was at 520 nm. The scale of the
ordinate is in arbitrary fluorescence
units. In each case, a representative set
of traces is presented. The major appar-
ent rate constants are included on each
trace; for clarity, those accounting for
�15% of the observed amplitude are
not presented.

Table 1. Apparent kinetic constants of FRET change

Nucleotide�GroES binding to GroEL Nucleotide�GroES binding to SR1

ATP ADP ATP ADP

k1� k2� k1� k2� k1� k2� k1� k2�

No substrate 2.7 (100) — 2.7 (100) — 2.6 (93) 1.0 � 10�3 (7) 0.18 (32) 3.0 � 10�2 (68)
MDH 0.69 (72) 5.3 � 10�2 (28) 7.4 � 10�2 (34) 4.8 � 10�3 (66) 0.56 (79) 9.4 � 10�3 (21) 1.0 � 10�2 (4) 1.2 � 10�4 (96)
Rhodanese 0.59 (68) 4.9 � 10�2 (32) 3.3 � 10�2 (26) 3.1 � 10�3 (74) 0.38 (79) 5.3 � 10�3 (21) 1.6 � 10�2 (5) 1.3 � 10�5 (95)
DHFR 1.1 (86) 6.7 � 10�3 (14) 0.29 (79) 2.9 � 10�3 (21) 0.66 (91) 1.9 � 10�3 (9) 3.0 � 10�2 (24) 5.6 � 10�3 (76)

The percentage of total intensity change accounted for by each rate constant is shown in parentheses. —, Not observed.

Motojima et al. PNAS � October 19, 2004 � vol. 101 � no. 42 � 15009

BI
O

CH
EM

IS
TR

Y
IN

A
U

G
U

RA
L

A
RT

IC
LE



open trans ring (see Fig. 5 legend). When ADP�GroES was added
to GroEL, a change of the same magnitude on the same time scale
as with ATP�GroES addition was observed, with k1 � 2.7 s�1 (Fig.
2a, panel 2) and no overshoot. With SR1, the change produced by
ADP�GroES addition was slower overall but of the same magni-
tude, and two rates of similar amplitude were apparent: k1� � 0.18
s�1 and k2� � 0.03 s�1 (Fig. 2a, panel 4, and Table 1). Adding AlFx
to mimic the �-phosphate of ATP to either of these ADP complexes
after the maximum fluorescence was reached led to only a minimal
additional change in FRET (Fig. 2a, panels 2 and 4).

These data suggest that either ATP or ADP (or ADP�AlFx) in
the presence of GroES can support rapid and full excursion of the
apical domains of GroEL to form an asymmetric GroEL–GroES
complex. Furthermore, both nucleotides similarly support these
changes in SR1, although ADP produces a somewhat slower rate,
albeit with the same ultimate extent of change. Consistent with
these observations, particularly as they relate to the extent of
change, the structures of the apical and intermediate domains, as
well as those of GroES, in these end-states are identical, as
determined crystallographically in GroEL-GroES-ADP-AlF3 (13),
GroEL-GroES-ADP (29), and SR1-GroES-ADP-AlF3 (13) com-
plexes and by cryoelectron microscopy for hydrolysis-defective
GroEL D398A-GroES-ATP and GroEL-GroES-ADP (N. Ranson,
personal communication).
FRET changes in the presence of substrate protein. The behavior of the
change in FRET was quite different upon nucleotide�GroES
addition to GroEL or SR1 complexes occupied with bound
polypeptide substrate (Fig. 2b). For both GroEL and SR1, occu-
pancy with either MDH or rhodanese slowed the rate of FRET
change, suggesting an effect of polypeptide on the rate of apical
domain excursion. When ATP�GroES was added (Fig. 2b, panels
1, 3, 5, and 7), the rate was reduced 4- to 6-fold (Table 1), although
the magnitudes of the changes were similar to those in the absence
of polypeptide. Here again, slight overshoots could be observed
with GroEL and not SR1 (Fig. 5), and second rate constants with
relatively small amplitudes were required to fit the longer-term data
(Table 1). These results are consistent with earlier studies showing
release of polypeptide from the apical binding sites on the same
time scale (�1 sec) upon ATP�GroES addition to polypeptide–
GroEL binary complexes (7, 13, 14).

In striking contrast, when ADP�GroES was added to substrate-
bound GroEL binary complexes (Fig. 2b, panels 2, 4, 6, and 8), the
overall changes of FRET were much slower and had two phases: a
minor phase (t1/2 � 10–20 sec) and a prominent, very slow phase
(t1/2 � 150–250 sec), accounting for 65–75% of the change (Fig. 2b,
panels 2 and 6, and Table 1). In the case of MDH, the half-
maximum amplitude was reached only after 50 sec, instead of 1–2
sec in GroES�ATP (Fig. 2b, compare panel 2 with panel 1). In the
case of rhodanese, even after 10 min, the donor fluorescence failed
to reach the point achieved by ATP�GroES addition within 10 sec
(Fig. 2, compare panel 6 with panel 5). For SR1–substrate binary
complexes, the situation was even more extreme, with only slowly
occurring, small amplitude changes in FRET (Fig. 2b, panels 4 and
8). The apical movements reflected in the observed FRET change
appear to be both retarded in rate and limited in extent of excursion.
Nevertheless, it appears that the molecules remain able to make the
full excursion if subsequently supplied with AlF3 complex, mim-
icking the �-phosphate of ATP. For example, as shown in Fig. 2b,
panel 6, when AlFx was added 600 sec after ADP�GroES addition
to GroEL–rhodanese complexes, there was a rapid (�10 sec)
FRET change to the full extent observed when AlFx was added
initially with ADP�GroES (data not shown). With SR1 complexes,
AlFx addition after ADP�GroES produced slower rates of FRET
change than seen with ATP, but they were still fast enough to be
consistent with the observed rates of protein folding at SR1 under
these conditions, which used a relatively low concentration of AlFx
(see Materials and Methods).

In summary, when incubated with polypeptide-bound GroEL or

SR1 complexes, ADP�GroES failed to produce an efficient excur-
sion of the apical domains to their fully open, GroES-bound
position. This finding is consistent with the recognized inability of
ADP�GroES to trigger productive folding of these substrate pro-
teins, associated with a failure of polypeptide to be released from
the cavity wall, determined by earlier fluorescence anisotropy and
gel filtration experiments (7, 13, 14). Such release fails to occur
despite the apparent ability of GroES to bind to such binary
complexes as evidenced, for example, by acquired protection of
rhodanese or MDH from exogenous protease (5, 39).
A nonstringent substrate, DHFR, does not impose a load. As a correlate
to the conclusion that multivalently bound substrates like MDH and
rhodanese impose a substantial load on the GroEL apical domains,
we would predict that a less tightly bound substrate, such as DHFR,
might impose a lighter load. We previously observed in studies of
GroEL rings bearing various numbers of binding-defective apical
domains that DHFR requires only two binding-competent apical
domains for efficient GroEL-dependent binding (G.W.F., unpub-
lished data). Consistent with this, when ADP�GroES was added to
a GroEL–DHFR binary complex, the predominant rate of the
FRET change observed was much faster (60- to 100-fold) than
those of the major (slower) phases for MDH and rhodanese (Fig.
2, compare c, panel 2, with b, panels 2 and 6). This observation
reflects the ability of ADP�GroES to trigger release and productive
cis folding of DHFR (6, 32), whereas it fails to do so for MDH or
rhodanese (7, 14). Similarly, when the same experiment was carried
out with SR1, the FRET change occurred far more rapidly than
with MDH or rhodanese (Fig. 2, compare c, panel 4, with b, panels
4 and 8), albeit more slowly than at GroEL.
GroES associates with GroEL-substrate at a faster rate than apical domain
movement occurs. What is the potential role of the arrival of GroES
itself in bringing about these apical movements? Does GroES, for
example, begin to interact with GroEL before apical domain
movement is complete, or, conversely, must apical domain move-
ment be completed before GroES can associate, with the rate of
opening before GroES binding determining the outcomes observed
for the different nucleotides? FRET experiments were carried out
that examined binding between donor-labeled SR1 (Cys242,527),
obligately cis-forming, and varying concentrations of acceptor-
labeled GroES Cys98 in the presence of ATP. We observed that the
apparent rate of GroES binding to SR1 was rapid (2.6 � 107

M�1�s�1), whereas the presence of MDH or rhodanese caused a 2-
to 3-fold slowing in the rate of association (Fig. 3a). By contrast, the
rate of apical domain opening was more strongly affected by the
presence of substrate, consistent with the idea that substrate
comprises a load on the system. In the absence of substrate, the rate
of apical opening was virtually the same as the rate of GroES arrival
(2.8 � 107 M�1�s�1) (Fig. 3, compare c with a), but in the presence
of substrate, the rate of apical domain opening was slowed by 4-to
20-fold relative to that in the absence of substrate, depending on the
particular substrate protein and on the concentration of GroES.
Thus, in the presence of substrate, GroES arrival occurs before the
apical domains are fully opened, implying the initial formation of
a collision complex with GroEL, in which a physical association
occurs before apical domain movement is appreciable. In addition,
it appears that, given the concentration-dependent ability of GroES
to accelerate the rate of apical movement of substrate-bound
GroEL (Fig. 3b), GroES may play a role in assisting completion of
apical domain movement. Nevertheless, in the presence of polypep-
tide load, the rate of apical domain movement showed saturation
behavior relative to GroES concentration, whereas, in the absence
of load, it did not. Thus, GroES binding can only provide opposition
to the polypeptide load to a certain extent.

Discussion
Role of the �-Phosphate of ATP in Opposing a Load from Bound
Substrate Polypeptide. The above findings suggest that polypeptide
binding by a GroEL ring imposes a load on the apical domains that
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counters the action of nucleotide and GroES in driving apical
elevation (60°) and twist (90° clockwise). That is, polypeptide,
bound by multiple apical domains (22), may exert a downward
and�or inward force on the apical domains. ATP�GroES is able to
rapidly and efficiently produce apical movement even in the pres-

ence of the polypeptide load, as judged by the observation that 90%
of the FRET change occurs within 2–3 sec. Likewise, AlF3 can
accomplish the same action when added to GroEL-GroES-ADP-
polypeptide complexes (see Fig. 2b). Nevertheless, the rate of
movement, even in ATP�GroES, was slowed by �4- to 6-fold, as
shown by the stopped-flow measurements. But the effect of a load
from bound MDH or rhodanese on ADP�GroES movement is
profound, with the overall rate vastly slowed (by 150-fold) relative
to ATP�GroES. The majority of the amplitude of change was
associated with a very slow rate (t1/2 	 150 sec), far longer than the
duration of the entire reaction cycle (t1/2 � 10–15 sec) (18, 40). In
addition, the overall extent of movement supported by ADP�
GroES in the face of these loads appears to be reduced or minimal,
particularly in the case of SR1, as reflected in the magnitude of the
FRET changes. For SR1, this more severe effect may be a function
of distortion of the SR1 structure, which lacks a stabilizing equa-
torial interface, under these conditions.

The increment of free energy available for apical movement
provided by the binding of the �-phosphate has been estimated by
thermodynamic studies of formation of SR1-GroES-ADP-AlF3
complexes at �43 kcal per mol (1 cal � 4.184 J) of rings (13). This
large free-energy change derives from the formation of seven new
hydrogen bonds between each of the seven AlF3 moieties and the
corresponding equatorial nucleotide pocket of a ring, as observed
from the crystal structure of GroEL-GroES-ADP-AlF3 (13). This
amounts to �1 kcal�mol per hydrogen bond, an estimate that
agrees with other studies (e.g., ref. 41). This energy is presumably
at least partly released as kinetic energy that drives forceful
elevation and twisting movement of the apical domains, a ‘‘power
stroke’’ responsible for release of substrate polypeptide.

By contrast, the energy of ADP�GroES binding is insufficient to
drive apical movements that can eject such substrates as MDH or
rhodanese off of the cavity wall. The observations in ADP�GroES
of FRET changes that occur on a very long time scale (equal to
multiple entire chaperonin cycles) and that are partial in extent
suggests that the apical domains do eventually open to some extent,
but either their slow rate of movement or the lack of completion of
the excursion of movement results in failure to eject bound polypep-
tide into the cis cavity and in a failure to produce the native state.
Failure of substrate ejection has been directly verified experimen-
tally by two different types of experiment. In one experiment,
mentioned earlier, the fluorescence anisotropy of bound substrate
(rhodanese or ribulose-1,5-bisphosphate carboxylase�oxygenase)
failed to undergo any drop upon addition of ADP�GroES as
compared with a rapid drop upon addition of ATP�GroES (7, 14).
Thus, there is no observable conformational change in the substrate
protein promoted by ADP�GroES addition, despite binding and
encapsulation by GroES. In a second experiment, ADP–SR1–
GroES rhodanese complexes were briefly subjected to cold expo-
sure to release GroES and then gel filtered (13). Rhodanese
remained associated with SR1, indicating that the substrate was
never released from the cavity wall upon GroES binding in ADP.
This result seems to suggest that whereas GroES can associate with
GroEL in cis ADP complexes and is able to encapsulate rhodanese,
the apical domains may not occupy a structural state in which the
apical hydrophobic binding sites are fully displaced from the central
cavity. As discussed below, it seems that such cis ADP–GroES–
GroEL–polypeptide complexes are trapped either in an initial
collision state, where GroES has associated with GroEL but the
apical domains have not fully opened, or in a complex that lies in
some intermediate state along the pathway to the fully open one.

Evidence for a Collision State of GroES with GroEL: Role in Committing
Polypeptide to the GroEL Cavity for a Round of cis Folding. The
comparison of the rate of GroES association with GroEL–substrate
in ATP versus the rate of apical domain movement, as shown in Fig.
3, makes clear that, in the presence of bound substrate protein,
GroES arrives at GroEL before apical domain movement is com-

Fig. 3. Rates of GroES binding (a) and apical domain movement of SR1 as a
function of GroES concentration (b and c). (a) Stopped-flow experiments were
carried out as stated for Fig. 5, except with fluorescein-labeled Cys242,527 SR1
and tetramethylrhodamine-labeled GroES Cys98 in the presence of ATP, ob-
serving the acquisition of FRET (decrease in donor emission intensity) as a
function of time as GroES became bound to SR1. Both unliganded and
polypeptide-bound SR1 showed a linear increase in the observed rate of GroES
binding with increasing GroES concentration, consistent with a bimolecular
interaction between GroES and SR1. The presence of polypeptide influences
this rate moderately (up to 3-fold). (b) Stopped-flow experiments monitoring
apical domain movement similar to those shown in Fig. 5 were carried out in
various concentrations of GroES. In the absence of substrate, the observed rate
increases linearly with GroES concentration. In contrast, when polypeptide is
bound to the apical domains, the observed rates show saturation behavior,
indicating that the rate-determining step in apical movement changes when
polypeptide is bound and becomes a process independent of GroES. The data
with bound polypeptide were fit to a standard saturation equation by using
the major apparent rate constants calculated from the stopped-flow data. (c)
The same experiments as shown in b but with the ordinate expanded 10-fold
to show the linearity of the dependence of the observed rate constant with
GroES concentration in the absence of substrate. The rate constants shown
were calculated from the fits to the data, indicated by the drawn curves. In
each panel, the vertical dotted line indicates the concentration of GroES (0.1
�M) at which the experiments in Fig. 2 and Table 1 were performed.
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pleted. The rate of apical movement is slowed by anywhere from 4-
to 10-fold relative to the rate of GroES binding, depending on the
particular GroEL-bound substrate protein and on the concentra-
tion of GroES. The implication is that, in the presence of physio-
logic nucleotide, ATP, and substrate protein, there is a collision
state formed by incoming GroES and the GroEL–substrate com-
plex that precedes the completion of opening of the apical domains.
Moreover, because ATP alone does not appear to be able to trigger
full apical opening as judged from electron microscopy studies, it
appears that GroES is required to enable such an extent of
movement to take place. Thus, as implied in the foregoing discus-
sion, the complexes formed by ADP�GroES addition to substrate–
GroEL may be stalled in such collision states or intermediate states
beyond them that lie along the pathway to full apical opening, states
in which polypeptide can be encapsulated underneath GroES but
still remains lodged on the apical hydrophobic binding sites.

The nature of these collision or postcollision intermediate states
can only be speculated on at present, but one possibility is that in
forming the initial collisional association, the mobile loops of
GroES directly bind at apical hydrophobic sites that are unoccupied
by substrate polypeptide, docking the cochaperonin over the
polypeptide-bound ring and ensuring that substrate protein cannot
escape once it is released from the cavity wall. Indeed, an earlier
study showed that GroES could be bound to a GroEL ring
containing only a single intact hydrophobic apical domain, so an
initial univalent contact of this sort may be possible (22). Consistent
with this as a potential docking site, GroES fails to make any
appreciable stable contact with GroEL when all of the apical sites
have had their hydrophobic character disrupted (21). An alternative
consideration, however, is that initial docking of GroES with
GroEL could occur at some other site on the top of the apical
domains, but a host of mutational alterations involving this surface
have failed to produce any defect of GroES binding (21).

There is additional potential evidence from mutant studies for
collision states in which GroES forms an initial association with
GroEL–substrate that encapsulates substrate protein but fails to
trigger its release and folding. Kawata and coworkers (42) have
reported a GroEL mutant, C138W, that is unable to trigger folding
of substrates encapsulated with GroES in ATP at 25° but that, upon
a shift to 37°C, resumes productive cis folding. It seems likely that
at 25°C this ternary GroEL–GroES–substrate complex is trapped in
a collision or postcollision intermediate state, as opposed to an
off-pathway state. Our own studies have also recently uncovered a

further such trapped mutant mapping to the equatorial nucleotide
pocket (E. Chapman, G.W.F., and A.L.H., unpublished results).
Structural studies of both the ADP–GroEL–GroES–substrate com-
plexes and the stalled substrate–encapsulated mutant complexes
should now be informative concerning the collision and postcolli-
sional states. It seems clear, however, from the collective of studies
that the initial collision of GroES with GroEL–substrate occurs in
such a manner that polypeptide is committed to remain in the cavity
of the GroEL ring during the process of apical movement that will
eject it off the hydrophobic binding sites. Thus, this collision
mechanism prevents substrate protein from release into the bulk
solution, where it would misfold and aggregate (30), and assures a
trial at productive folding inside the GroES-encapsulated cis cavity.

Nature of the Polypeptide Load on the GroEL Apical Domains. Finally,
the nature of the polypeptide load that is overcome by ATP�
GroES-driven apical movement needs to be considered. Because
little or no stable structure has been observed to date in GroEL-
bound substrates as examined by using hydrogen exchange and
NMR (19), it seems likely that the load does not lie at the level of
polypeptide structure that has to be pulled against but, rather, lies
at the level of hydrophobic contacts formed directly between side
chains in the nonnative substrate and hydrophobic side chains of the
apical domains of GroEL (see, e.g., refs. 43 and 44). Such side chain
contacts, which may really be more of a surface-to-surface type of
contact and which may occur between substrate and more than one
surrounding apical domain simultaneously (22), may collectively
account for the need for kinetic force to release substrate polypep-
tide. In this vein, one can consider, for example, that the affinity of
GroEL for a number of substrates, such as MDH and rhodanese,
has been estimated to be in the nanomolar range, presumably the
convolution of the affinities of individual apical domains for
portions of the bound nonnative substrate protein. Significant
kinetic force may thus be required to break all of these contacts
needed for ejection of the polypeptide substrate as an unbound
chain into the cis cavity. By contrast, such substrates as DHFR,
making contact with only one or two apical domains of a ring, would
not be expected to require as much energetic force to be ejected,
in agreement with the observations here that apical movement can
proceed with this substrate in the presence of ADP�GroES (Fig.
2c). Further structural studies of bound substrate proteins should
better resolve the nature of binding and, hence, the nature of bound
polypeptide as a load on the system.
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